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ABSTRACT OF THESIS 
BIOMIMETIC DEVICES TO DRIVE A THERMODYNAMICALLY 
UPHILL REACTION USING LIGHT AND TO DEGRADE  
INDUSTRIAL WASTE STREAM COMPONENTS 
Given the amount of industrial waste produced each year, as well as the accruing 
amount of greenhouse gases in our atmosphere produced by the burning of fossil fuels, it 
is imperative that humanity develop environmentally-sustainable sources of energy and 
methods of remediation. Nature achieves both of these by use of enzymes as catalysts, 
inspiring interest in designing biomimetic systems capable of harnessing clean energy and 
remediating industrial waste. This study examined the ability of enzymes in 
electrochemical and convective flow systems to achieve these tasks. The first portion 
studied the incorporation of enzymes into an electrochemical system to drive the oxidation 
of water using light to harness clean energy. The second investigated the ability of enzymes 
immobilized into membrane pores to degrade a model component of industrial waste 
streams, vanillyl alcohol, using a convective flow system to allow for waste-product 
separation and analyzed the potential of the system to produce the valuable chemical 
vanillin.  
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CHAPTER ONE: FLAVIN-SENSITIZED ELECTRODE SYSTEM FOR OXYGEN 
EVOLUTION USING PHOTO-ELECTROCATALYSIS 
 
1.1. Background 
1.1.1. Water Oxidation Catalysts 
 Given ongoing depletion of economic fossil fuel reserves in conjunction with 
accumulating atmospheric greenhouse gases, it is mandatory that humanity develop 
efficient, renewable, environmentally-responsible energy sources.[1, 2] Nature employs 
Photosynthesis to satisfy much of its energy demand, inspiring considerable interest in 
designing an artificial photosynthetic system.[3-6] Water oxidation is considered to be the 
bottleneck of artificial photosynthesis because the sluggish kinetics and challenging 
thermodynamics of O-O bond formation limit the rate at which electrons can be extracted 
by the process.[7] Thus, a catalyst is needed to lower the over-potential for H2O oxidation 
and enable it to operate close to its thermodynamic value. Building on the first report of 
water oxidation catalysts (WOCs) by Meyer et al.[8] an impressive array of inorganic 
catalysts have been developed in the last five years.[9-15] In contrast, less effort has been 
devoted to organic water oxidation catalysts. Reports of C-based WOC describe nitrogen-
doped graphite nano-material composites[16] and graphitic carbon nitride nanosheet–
carbon nanotube composites[17] with encouraging performances comparable to those of 
noble metal catalysts. Very recently, N(5)-ethylflavinium ion was shown to be an active 
catalyst for water oxidation under electrochemical conditions.[18] N(5)-ethylflavinium ion 
is the only “metal-free” organic electrocatalysts reported so far, but it required a high 
overpotential  of 0.78V vs NHE at pH 2.[18]  
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1.1.2. Flavins as Water Oxidation Catalysts  
 Flavins are cofactors of numerous enzymes that mediate oxidation or reduction of 
their substrates. The 7,8-dimethyl-isoalloxazine ring system that is the redox-active 
component of both flavin mononucleotide (FMN) and flavin adenine dinucleotide (FAD) 
provides the reference point for the N(5)-ethylflavinium ion. These cofactors were named 
for their intense yellow color, due to strong absorbance near 450 and 370 nm in the visible 
region of the electromagnetic spectrum[19, 20] and the corresponding electronic transitions 
underlie well-known photochemistry and photosensitizing properties.[21-26]  
While the electrocatalytic properties of flavins as WOCs were explored recently[18], 
exploitation of flavins' photo-electrocatalytic properties for water oxidation has not been 
reported to date. Recently Armstrong’s group demonstrated the use of the flavoenzyme 
flavocytochrome c3 as an electrocatalytic reductant, able to support an artificial 
photosynthetic system employing other components as the photoactive ingredients.[27] We 
report complementary investigations wherein simple flavins serve as the photo-
electrocatalysts, in the context of the water oxidation reaction.  
 
1.2. Research Objectives 
 The objectives of our research were (i) to immobilize the simple flavins lumiflavin 
(LF) and flavin adenine dinucleotide (FAD, Figure 1.1) on graphite electrodes to assess 
the ability of this inexpensive organic material to serve as a photo-anode towards water 
splitting and (ii) to study the effect of light on flavin’s water-oxidizing activity. 
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Figure 1.1. Structures of the model flavins: lumiflavin and FAD 
 
1.3. Materials  
 Lumiflavin (LF) was purchased from Sigma-Aldrich and flavin adenine 
dinucleotide (FAD) was from Boehringer Mannheim GmbH- Germany. Pencil lead 
electrodes were obtained from Graphtek LLC (Graphite Store), IL, USA (AE001535 and 
NC001290). Voltammetric measurements were undertaken in a conventional three-
electrode cell at room temperature using a CHI 760 potentiostat.  
 
 
1.4. Methods and Results 
1.4.1. Voltammetric Measurements 
 Ag|AgCl and high surface area Pt wire were used as reference and auxiliary 
electrodes, respectively. Prior to undertaking experiments, 0.5 M K2HPO4 / KH2PO4 
aqueous buffer as the supporting electrolyte solution (pH 7.1) was de-aerated by purging 
with N2 for at least 20 min. During measurements, a N2 atmosphere was maintained inside 
the cell.  All measurements were performed at room temperature. When applicable, 
illumination was provided by either a halogen desk lamp or a blue LED (intensities ~ 
 4 
25mW/cm2 at the sample). The experimental cell was kept at a distance from the light 
source to prevent any sample heating.   
 
1.4.2. Covalent Grafting of FAD 
 Modification of the graphite electrodes (GE) with carboxyphenyl group was 
achieved by one-electron reductive adsorption of the carboxyphenyl diazonium salt in 
0.1M HCl solution at room temperature.[28] Specifically, the electrodes were treated 
with 5 mM 4-carboxy phenyl diazonium tetrafluoroborate in 0.1M HCl for 12 hours. 
Formation of N2 bubbles on the surface of the electrode is a positive sign of the 
diazonium grafting. In the second step, the carboxyl-functionalized electrodes were 
coupled to the FAD via a carbodiimide coupling reaction following a reported 
protocol.[29] Specifically, the electrodes were soaked in 5 mL of 0.1M MES buffer (pH 
5.9) containing 0.2% Triton X-100, 40 mM EDC (N'-(ethylcarbonimidoyl)-N,N-
dimethylpropane-1,3-diamine) and 40 mM sulfo NHS (N-hydroxysulfosuccinimide) for 
two hours to allow activation of the carboxylate groups. After two hours the electrodes 
were rinsed with a phosphate buffer solution (pH 7.2) and then treated with 1mM FAD 
solution in phosphate buffer solution (pH 7.2) for 12 hrs. Finally, the electrodes were 
washed with KPi (inorganic phosphate buffer, 0.5M, pH 7.1) buffer and then deionized 
water to remove any unbound FAD. A schematic is provided as Scheme 1.   
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Scheme 1. Steps involved in covalent grafting of FAD to GE 
 
1.4.3. Electrode Modification  
 Commercial pencil graphite electrodes (GE) were used as the substrate to afford a 
high conducting surface area. Functionalization with the bio molecules was accomplished 
by either non-covalent or covalent immobilization approaches as described below. 
Lumiflavin-functionalized GE (LF-GE) were fabricated by drop-casting micromolar 
solutions of LF in water onto the GE followed by drying. The extensive π-system of LF 
interacts favourably with the graphitic planes through non-covalent π-π interactions,[30] 
binding the molecule to the electrode surface.[31] For FAD, a covalent immobilization 
technique was employed to counteract this molecule's greater solubility in water as 
described above. The catalytic electrodes LF-GE and FAD-GE modified with LF and 
FAD, respectively, were then carefully rinsed with water to remove all loosely-bound bio-
molecules until the rinsates were free of flavin (confirmed by absorption spectra). Similar 
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immobilization was also carried out on glassy carbon (GC) electrodes to permit thorough 
characterization of the immobilized flavins.   
 
1.4.4. Results 
 Figure 1.2a compares the cyclic voltammogram (CV) of a LF-functionalized GC 
electrode with that of a bare GC electrode. As expected, no redox signal appeared for the 
bare electrode, so the signal centered at E°´=−0.48 V of the LF-GC electrode can be 
attributed to the immobilized LF (all potentials are vs. Ag/AgCl (1M KCl) electrode).  
(a) (b) 
  
Figure 1.2 (a) CV of LF immobilized on a GC electrode (red line) compared with the CV 
of a bare GC electrode (black line). Conditions: scan rate, 100 mV/s; 0.5 M KPi 
(Potassium Phosphate) buffer, pH7.1. (b) Plot of log Ipa vs. log ν for CVs of a LF 
functionalized GC electrode (scans in the inset). Scans were conducted in 0.5M KPi pH 
7.1 at room temperature. 
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The obtained value of E°´=−0.48 V (E°´=(Epc+Epa)/2, where Epc is the cathodic and Epa is 
the anodic peak potential, vs. Ag/AgCl) is very close to the value of -0.44 V reported for 
the two-electron reduction of flavins in solution.[32]   
 To learn whether electron transfer is governed by diffusion-controlled processes or 
an adsorption process, voltammetric scans were performed at different scan rates ranging 
from 20mV/s to 100 mV/s. A log-log plot of anodic current vs. the scan rate revealed a 
linear relationship with a slope of 0.95, which is very close to the value of 1 expected for 
electron transfer by electrode-adsorbed molecules (Figure 1.2b) and distinct from the slope 
of 0.5 expected for diffusion-controlled processes.[33, 34] This result clearly demonstrates 
that the LF was successfully immobilized on the electrode and that the flavin molecules 
were not released from the electrode surface over the course of the experiment. The 
separation between the peak potentials, ΔEp (ΔEp = Epa - Epc), was approximately 46 mV, 
independent of the scan rate (Figure 1.3).  
 
Figure 1.3. ΔEp vs. scan rate for LF-functionalized GE. 
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In addition, the ratio of the cathodic peak current divided by the anodic peak current was 
close to unity at all scan speeds. This behavior suggests efficient electron transfer between 
the adsorbed flavins and the electrode. ATR-FTIR (attenuated total reflectance Fourier 
transform infra-red spectroscopy) was carried out to further assess the immobilization of 
flavins on the graphite electrodes (Figure 1.4). 
 
Figure 1.4. ATR-FTIR of bare GE (red line), FAD-functionalized GE (blue line) and 
LF-functionalized GE (green line).  
The flavin C=O stretches are near 1676 cm-1 and 1708 cm-1 respectively.[35] The C=N 
mode occurs between 1534 and 1548 cm-1 for bent through flat flavin.[36]  Comparable 
peaks were observed for both LF-GE and FAD-GE but were absent for the bare GE.  Note 
that the peaks assigned to N-H stretching are expected near 3300 cm-1for free FAD. They 
are absent for the FAD-GE, as the amine group was converted to an amide as part of the 
covalent coupling to GE.  The large broad feature extending from 2500-3600 cm-1 is due 
to water in the FAD-GE sample. 
 9 
 
 We quantified the success of our LF functionalizations via measurement of the 
surface coverage of the LF-functionalized electrodes using equation 1 below.[37]  
 
    г = (4RT/n2F2A) x Slope         (Eqn. 1) 
 
where, г is surface catalyst loading (mol cm-1), R is the ideal gas constant (8.314 JK-1 mol-
1), T is 298 K, n is the number of electrons transferred (2), F is Faraday’s constant (96485 
C mol-1), A is the electrode surface area, and 'Slope' is the slope of a plot of current (A) vs. 
scan rate (V s-1) (Figure 1.2b). Surface concentrations of 0.13-0.89 nmol cm-2 and 3.5-7.8 
nmol cm-2 were determined for LF on GC and GE electrodes respectively, based on at 
least three independent electrodes each.  
 Inspired by the recent demonstration of water oxidation by flavinium ions on a GC 
electrode[18] we explored the possibility of electrocatalytic water oxidation by LF-
functionalized graphite electrodes. A sweep to positive potentials above 1.4 V generated 
catalytic currents attributable to water oxidation[18] (blue line, Figure 1.5a). During the 
anodic scan the immobilized LF undergoes oxidation at approximately 1.4 V to generate 
the reactive species, presumably the previously-proposed transient flavin radical 
cation,[38] capable of water oxidation. Upon attack by water/OH- this transient species 
may rapidly transform to a hydroxyflavin radical which upon further oxidation could be 
susceptible to attack by another water/OH-. Similar O-O bond formation by water attack 
on metal-hydroxo or metal-oxo intermediates during water oxidation by inorganic catalysts 
is well documented.[9, 39] Alternatively, flavinium has been proposed to react with O sites 
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on the electrode[18] No corresponding peak near 1.4 V is evident in the cathodic scan 
indicating that sequelae to the anodic reaction are irreversible.  This is consistent with 
reduction of the flavin radical cations by water (see below) before the oxidized species can 
be re-reduced by the cathodic scan. The fact that cathodic peaks at -0.5 V persist even after 
several scans up to 2 V, as does the current at high positive potentials, indicate that flavin 
remains immobilized and acts as a catalyst rather than a reagent during the reaction. The 
aforementioned behaviors were absent from similar scans of bare graphite electrode under 
similar conditions (Black line, Figure 1.5a).  
 The stability of LF-GEs was investigated through multiple CV scans and post-
operation FT-IR analyses. The LF-GEs displayed persistent activity towards water 
oxidation for more than 10 CV cycles (details and data in Supplementary Information) after 
which gradual loss of surface-bound LF was observed, which may be partially attributable 
to oxidation and exfoliation of graphitic material at high electrode potentials.[40] 
 We investigated the possibility that strongly oxidizing hydroxyflavin radical reacts 
with H2O to form H2O2 which can disproportionate to produce half an equivalent of O2. 
However, any H2O2 formed was below the detection limit of the horseradish peroxidase-
ABTS assay (0.2 µM) even under conditions of bulk electrolysis at 1.8V with LF-GE. This 
is in accordance with mechanisms proposed for most inorganic catalysts and the recently 
reported N(5)-ethylflavinium ion where there was no accumulation of H2O2.[17, 18, 31] 
 Recognizing flavins' strong absorbance of visible light, we investigated the effect 
of visible light on the catalytic activity of immobilized LF. The CV of LF-GE illuminated 
for 20 minutes displayed significantly higher current than that observed in scans collected 
in darkness (red vs. blue lines, respectively, Figure 1.5a). The light-dependent increase in 
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the intensity of the peak at 1.4 V suggests photo-stimulated formation of the oxidizing 
species, likely flavin radical cation.  As a control, the bare electrode was also irradiated 
with visible light. In this case however, the CV traces were indistinguishable from the scans 
in the absence of light (green line Figure 1.3a). Thus the effect of illumination can be 
attributed to the immobilized flavins. 
   (a)              (b) 
Figure 1.5. (a) Cyclic voltammograms of LF-GE showing the effect of illumination on 
LF electrochemistry. Conditions: scan rate, 20 mV/s; 0.5 M KPi buffer, pH7.1 at room 
temperature. (b) i-t amperometric response to light of LF-GE (red) and bare electrode 
(black) at 1.7 V (vs Ag/AgCl).  '+Light' data were collected beginning 20 min. after the 
onset of illumination. 
 To assess the effect of illumination, we monitored current vs. illumination time via 
i-t amperometry. Figure 1.6 displays the current generated by the LF-GE at different 
constant potentials of 0.4 V, 1.0 V, 1.5 V, and 1.7 V. Our data show that at potentials below 
1.0 V there was very little current independent of illumination. However significantly 
higher currents were observed at potentials of 1.5 V and 1.7 V when the reactive species 
can be formed, and they were responsive to illumination.  
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Figure 1.6. The i-t amperometric response to illumination for a LF-GE at different 
electrode potentials in 0.5M KPi buffer at pH 7.1.  The ripples in the lines at 1.5 V and 
1.7 V are the results of turning the visible light on (causing upward slopes) and off 
(causing downward slopes). 
 
Figure 1.5b shows a comparison of current from a bare GE (black line) vs. current from 
LF-GE (red line) both at a potential sufficient for water oxidation to take place. The traces 
show that when the LF-GE is illuminated with visible light the current rises and when the 
light is switched off the current drops, whereas the current from the bare GE is indifferent 
to light (Figure 1.7). Thus, we confirm that the effect of light is mediated by the flavin. The 
slow growth of the illumination effect can be understood in terms of accumulation of a 
species that contributes to water oxidation (Figure 1.8). 
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Figure 1.7. The i-t amperometric response of a LF-GE at a potential of 1.7 V in the 
presence or absence of light at pH 7.1. 
 
Figure 1.8. O2 evolution curves recorded using a Clark-type O2-sensing electrode. 
Conditions: Applied potential, 1.8 V; 4 mL 0.5 M KPi buffer, pH7.1 and room 
temperature. All conditions were the same for light and dark experiments, with the 
exception of whether or not illumination was applied. 
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 To interpret the currents in terms of O2 production, we used a Clark-type O2-sensing 
electrode to quantify O2 production over the course of controlled-potential bulk electrolysis 
at pH 7.1 in 0.5M KPi buffer at 1.8 V (Figure 1.8). Our results confirm production of O2 
only at applied voltages above 1.4V.  Significantly more O2 was generated in the presence 
of light than in the dark with the same LF-GE electrode and under the same experimental 
conditions, indicating that the larger currents observed in light can be interpreted in terms 
of photo-stimulated water oxidation. In both the cases the electrolysis was started at 100 s; 
however the O2-sensing electrode was approximately 1 cm from the LF-GE where O2 
evolution was occurring, so a delay is expected for diffusion of O2 from the site of 
formation to the site of detection.  We also note that because formation of O2 from H2O is 
a multi-electron reaction, part of the lag time may also represent formation and 
accumulation of at least one intermediate prior to O2 evolution. Similar lag times were 
previously observed during catalysis by inorganic complexes.[41] The lag time was shorter 
under illumination, suggesting that formation of at least one intermediate is accelerated by 
light in the presence of flavin (red line).  However, the onset voltage was not different in 
darkness vs. light arguing for the existence of at least one light-insensitive step as well. Our 
CV measurements were conducted after the lag phase so the higher current at 1.4 V under 
illumination characterizes the illuminated state and corroborates our inference of faster 
formation of an oxidized species that leads to O2, under the visible light.  Indeed, the light-
induced change in current (Figure 1.7) occurred on the same time-scale as the difference 
between the two lags. 
 To further test oxidized LF's capacity to act as an electrochemical catalyst in 
solution-phase O2 evolution, controlled-potential bulk electrolysis was carried out with 
 15 
stepwise addition of LF with the working electrode held at 1.8 V.  The amount of LF was 
varied from 3.18 µM to 12.38 µM and O2 evolution was monitored using a Clark-type O2-
sensing electrode (data not shown).  Production of O2 increased with increasing LF 
concentration consistent with an electrocatalytic role for LF.  Moreover, significantly more 
O2 was produced in light than in darkness during solution-phase electrocatalysis as for the 
on-electrode systems. 
 Given the encouraging catalytic properties of LF-GE, we also generated FAD-
functionalized GE, to assess the generality of the phenomena observed and their 
dependence on the method of immobilization.  Graphite electrode surfaces were first 
modified with carboxyphenyldiazonium salt to install phenyl carboxylate functionalities. 
The well-established EDC-NHS coupling methodology was then employed to form amide 
linkages between the adenine of FAD and the newly-installed carboxyl functionalities 
(scheme 1). The FAD-GE were then characterized by CV and FT-IR (Figure 1.9,1.4). As 
in the case of LF-GE, a log-log plot of anodic current vs. the scan rate yielded linear 
behavior with a slope of 0.98 confirming successful immobilization of FAD (Figure 9). A 
surface concentration of 0.96-1.2 nmol cm-2 was determined for our FAD-GE (based on 
three independent electrodes). Similar to the LF-GEs, FAD-GE generated modest but 
reproducible catalytic currents due to water oxidation and evolved O2 at potentials above 
1.4 V. The former is shown in Figure 1.3. During the anodic scan the immobilized FAD 
undergoes oxidation at around 1.4V and generates reactive species able to execute water 
oxidation. 
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Figure 1.9. Plot of log Ipa vs. log ν for cyclic voltammograms of a FAD-GC electrode 
generated by covalent coupling. The slope of 0.98 suggests successful attachment of 
FAD to the surface. Scans were conducted in 0.5M KPi buffer at pH 7.1 and room 
temperature. 
 To assess the durability of the LF-GE electrodes, cyclic voltammetric scans were 
performed up to an anodic potential of 2.0 V. The electrodes were found to be active up to 
about 20 consecutive cyclic scans.  These electrodes were also active after storage under 
normal laboratory conditions for approximately two months (in darkness). The LF-GE 
electrodes showed considerable tolerance to highly oxidative potentials. Figure 1.11 
depicts the performance of LF-GE electrodes after 10 consecutive scans to +2.0 V with 
the persistence of the LF signal (as indicated by the cathodic peaks at -0.5V). However, 
the electrodes deteriorated gradually after extensive scanning to high anodic potential (20-
25 scans to 2.0 V). Figures 1.12 a and b show the redox signal centered around E°´= −0.48 
V (vs. Ag/AgCl in 1M KCl) that reports on immobilized LF after exposure to high anodic 
potential, for two independent electrodes. After the first few (2-3) cycles to 2.0 V there was 
little difference in the cathodic current corresponding to LF (based on cathodic current at 
~ -0.52 V). However ~40% of the immobilized LF was lost or modified after twenty anodic 
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cycles up to 2.0 V (based on the cathodic current at ~ -0.5 V, Figure 1.12a). FT-IR spectra 
of the LF-GE electrodes recorded before and after using them for electrocatalytic water 
oxidation for 5-7 cycles are identical in the features they display, arguing against chemical 
modification of immobilized LF. However the IR signal intensities attributable to LF (1600 
– 1200 cm-1) were significantly attenuated after ~ 20 consecutive scans (Figure 1.12b).  
Thus we interpret the gradual loss of performance to detachment of LF from the electrodes 
for example as a result of oxidation to species that are more water-soluble than the initially-
deposited LF. 
 
 
Figure 1.10. Cyclic voltammograms of FAD-functionalized GE showing catalytic water 
oxidation. Conditions: scan rate, 30 mV/s; 0.5 M KPi buffer, pH7.1, at room temperature. 
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Figure 1.11. Cyclic voltammograms of LF-GE electrodes (~2 months old) showing the 
effect of repeated scanning. Conditions: scan rate, 50 mV/s; 0.5 M KPi buffer, pH 7 at 
room temperature.  Electrodes are thus found to be stable at normal laboratory conditions 
for months when stored in darkness.  
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(a)      (b) 
Figure 1.12. Cyclic voltammograms of LF-GE electrodes (two independent electrodes 
for figures a and b) showing the presence of immobilized LF on the electrode before and 
after scanning up to high potentials (up to 2.0 V, two complete cycles, followed by 
purging the solution with N2 to remove O2 before recording 'after' CV). Conditions: scan 
rate, 20 mV/s; 0.5 M KPi buffer, pH 7 at room temperature.   
 
 We also assessed the stability of the LF-GE electrodes towards oxidation of water 
at high anodic potential up to 2.0 V under illumination. Once again, the electrodes were 
found to retain substantial activity towards water oxidation and remain mechanically sound 
over multiple cycles. Figure S13 shows stability of a LF-GE electrode (~ 2 months old) 
after 14 consecutive scans with minimal change of the LF signal (cathodic peak at -0.5V). 
Interestingly, the anodic peak at 1.4V grew in successive scans under illumination to 
become more prominent. These data further support our hypothesis that a transient flavin 
radical cation, capable of water oxidation, is formed under the reaction conditions. 
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Figure 1.13. Cyclic voltammograms of LF-GE electrodes (~2 months old) showing the 
effect of repeated scans under illumination. Conditions: scan rate, 50 mV/s; 0.5 M KPi 
buffer, pH 7 at room temperature.  Formation of the reactive species (proposed to be a 
transient flavin-derived radical cation) is prominent at ~1.4V upon repeated scanning. 
 
 The FAD-functionalized graphite electrodes suffered from unsatisfactory 
durability, becoming inactive after only 5 cycles. CV scans in the range of -0.8V to 0.0 V 
were run before and after using FAD-GE for water oxidation (-0.8V to 2.0 V) in order to 
assess retention of FAD. The redox signal centered near E°´= −0.48 V (vs. Ag/AgCl in 1M 
KCl) was measured as a signature of FAD immobilized on the electrode surface. As shown 
in Figure 1.14a ~25% of the immobilized FAD (based on the cathodic current at ~-0.56 V) 
was modified or lost after the first cycle up to 2.0 V and back. After five such cycles the 
electrode had significantly deteriorated as indicated by the almost-complete disappearance 
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of the FAD signal accompanied by the change in the capacitive current of the electrode 
(Figure 1.14). The electrodes were further characterized by FT-IR spectroscopy before and 
after using them for electrocatalytic water oxidation.  As seen from the comparison of the 
FT-IR spectra (Figure 1.15) the signal intensities attributable to FAD (1600 – 1200 cm-1) 
were either significantly diminished or missing.  We hypothesize that flavin loss from these 
electrodes can be attributed to the relatively high water solubility of FAD in combination 
with possible hydrolysis of the phosphate linker that ties the flavin to the adenine which is 
coupled to the graphite. Our ongoing efforts in this area seek to develop conductive 
polymer matrices to achieve improved entrapment of flavin molecules and provide 
enhanced electrical contact with the electrode.  
 
Figure 1.14. Cyclic voltammograms of FAD-GE electrodes showing deterioration of the 
electrode after repeated scans to high potentials (up to 2.0 V). Electrochemical 
Conditions: scan rate, 20 mV/s; 0.5 M KPi buffer, pH 7 at room temperature. 
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Figure 1.15. FT-IR of FAD-GE electrodes showing deterioration of the electrode after 
repeated scans to high potentials (up to 2.0 V). Electrochemical Conditions: scan rate, 20 
mV/s; 0.5 M KPi buffer, pH 7 at room temperature.         
 
1.5. Conclusions 
 Upon irradiation with visible light the current increased with changes in the CV 
trace suggesting increased formation of the active species mediating water oxidation. 
However, the FAD-GE suffered from unsatisfactory durability as they lost activity after a 
few cycles. This could reflect modification or loss of the FAD from the electrodes in the 
course of repeated scans.  FAD immobilization by drop casting was also of limited success 
due to the high solubility of FAD in aqueous solution. In contrast, the lower solubility of 
LF in water is likely an important factor in the high and long-lived attachment of LF to 
our electrodes. 
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 In conclusion, we have successfully immobilized biologically relevant flavins on 
carbon surfaces including glassy carbon and graphite, and demonstrated their ability to 
catalyze water oxidation to O2 that is stimulated by light. To the best of our knowledge, 
this is the first demonstration of light-stimulated water oxidation catalyzed by flavins or 
any other organic molecular catalyst. Both consumption and production of O2 must include 
a mechanism for reconciling the S=1 spin of O2, thus most of the biological cofactors able 
to reduce O2 include at least one transition metal ion. Flavins are organic cofactors able to 
catalyze reduction of O2, so our finding that flavin-functionalized electrodes can oxidize 
water to O2 has mechanistic precedent in biological chemistry.  However given the intimate 
interaction between LF's π system and that of the electrode graphite[31] we speculate that 
other conjugated multi-ring redox dyes may also prove able to catalyze light-stimulated 
water oxidation when immobilized on electrodes. Although practical deployment of LF as 
a photoelectro-catalyst is limited by the high cost of this particular compound, it provides 
an exciting proof of concept and a new chemical lead to accelerate the search for organic 
WOCs for sustainable energy generation, including photogeneration of energy. 
 
1.6. Acknowledgements 
 This research was supported by NSF KY EPSCoR Program and we acknowledge 
Center of Membrane Sciences and Prof. Dibakar Bhattacharyya of the University of 
Kentucky for encouragement and support. Reproduced from Chem. Commun., 2016, 52, 
8834, with permission from the Royal Society of Chemistry. 
 
 24 
CHAPTER TWO: LACCASE-FUNCTIONALIZED MEMBRANES FOR THE 
DEGRADATION OF LIGNIN IN INDUSTRIAL WASTE STREAMS 
 
2.1. Background  
2.1.1. The Global Demand for “Green” Remediation of Lignin Waste 
 The continuing depletion of fossil fuels and growth of the global population has 
motivated an interest in repurposing renewable materials to meet global needs.[42, 43] One 
promising source of energy and materials lies in one of the most abundant resources on 
earth – lignin.[44] Lignin is the second most abundant organic polymer in nature, second 
only to cellulose – which is of little energetic value since it can be digested by multiple 
microorganisms and fungi[42, 44]. According to the International Lignin Institute, between 
40-50 million tons of lignin waste is generated per year. Due to the difficulty and cost 
associated with separating and repurposing lignin, biorefineries typically burn lignin waste 
for energy rather than repurpose it for commercial applications. [44-46] 
 Lignin’s commercial value lies in the complex aromatic systems that compose its 
structure, which can be used as building blocks for valuable aromatic chemical compounds. 
Three primary monomers compose the heteropolymer lignin: p-coumaryl alcohol, 
coniferyl alcohol and sinapyl alcohol[45, 47]. These monomers are connected by several 
types of linkages, such as 5-O-4, β-O-4, β-1, β-5, β-β, 5-5, and 5-5/β-β[47, 48]. The very 
reason lignin has such potential is the same reason it is so difficult to tap into; the 
heterogeneous nature of the aromatic linkages renders controlled cleavage difficult. In 
order to tap into the value of lignin, the complex, large fragments must be separated from 
and transformed into smaller, more manageable compounds before further processing can 
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occur. Separation can be done by employing membrane filtration devices that separate the 
fragments by size, but what if separation and transformation could occur simultaneously? 
 
2.1.2. Lignin Degrading Enzymes: White Rot Fungi 
 White rot fungi are the most efficient microorganisms capable of breaking the many 
linkages present in lignin biomass.[47, 49, 50] There are two classes of enzymes capable 
of oxidatively degrading lignin: peroxidases and laccases (phenol oxidases).[47, 50] These 
lignin-degrading enzymes employ a variety of aromatic compounds as substrates (e.g. 
dyes, heterocyclic aromatic hydrocarbons, aromatic chloro-organics, etc.) to produce 
aromatic radicals or reactive oxygen species that are capable of attacking lignin linkages. 
[47, 51-53] 
 
2.1.2.1. Peroxidases  
 The three peroxidases of the lignin-degrading family are lignin peroxidase (LiP), 
manganese peroxidase (MnP), and versatile peroxidase (VP).[47, 50] These enzymes are 
also referred to as heme peroxidases due to their dependence on the heme group of their 
active site in the oxidation of substrates.[54] In addition to their heme group, peroxidases 
require the presence of H2O2 to oxidize lignin.[55]  
 In lignin peroxidases, the Fe3+ of the heme group is oxidized in the presence of 
H2O2 via a two-electron oxidation to form an intermediate compound, LiP oxyferryl, which 
is then reduced back to its peroxidase resting state via two separate one-electron 
transfers.[55] One of these is paired with the oxidation of veratryl alcohol into short-lived 
cation radicals that can then oxidize lignin linkages.[56]  The heme prosthetic group of 
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LiP’s is only accessible through a narrow opening, rendering it inaccessible to most 
aromatic substrates.[55] The oxidation of lignin is made possible by a long-range electron 
transfer mechanism, which ends in the oxidation of veratryl alcohol at the surface of the 
protein.[56] 
 Manganese peroxidases are similar to LiP’s. They contain a heme prosthetic group 
and follow the same catalytic cycle as LiP’s with the reaction being initiated by the 
oxidation of the enzyme by H2O2, but rather than oxidizing veratryl alcohol for the 
enzyme’s subsequent reduction, MnP’s rely on the oxidation of a monochelated Mn2+ to 
Mn3+, which can then attack lignin linkages non-specifically.[47, 55] This oxidation of 
Mn2+ occurs at a binding site near the heme group via a direct electron transfer, yielding a 
lower redox potential than the LiP’s. [55] 
 Versatile peroxidases incorporate properties of both LiP’s and MnP’s catalytic 
cycles. They are capable of oxidizing both Mn2+ and veratryl alcohol, providing VP’s with 
manganese-independent properties.[50, 55] In the absence of Mn2+, VP’s oxidize phenolic 
monomers and simple amines, while in the presence of Mn2+ and H2O2 the Mn
2+ is oxidized 
into Mn3+.[55] Due to the shared properties of LiP’s and MnP’s catalytic mechanisms, VP’s 
are able to oxidize both low and high redox potential aromatic compounds.[55] 
 
2.1.2.2. Laccases 
 Laccase is a blue copper oxidase.[53] Laccase’s mechanism depends on four copper 
ions dispersed between three active sites (Figure 2.1). Laccases can both directly oxidize 
phenols or aromatic amines, as well as catalyze a four-electron reduction of O2 into 
2H2O.[55] The four copper atoms are retained by copper-binding regions rich in 
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histidine’s.[57] The oxidation of lignin is made possible by the one-electron oxidation of 
the phenolic nucleus, which creates phenoxy-free-radical products that can then cleave the 
polymer linkages present in lignin.[55] Laccases have a low redox potential comparative 
to LiP’s and as such require mediators to oxidize non-phenolic substrates.[48, 55] 
However, it has been shown that in lignin degradation, degradation products can behave as 
such mediators and act as redox charge transfer molecules to allow for the oxidation of 
non-phenolic substrates.[53, 55, 58]  
 
Figure 2.1. The crystal structure of T. versicolor laccase reveals several Lys side chains 
exposed on the surface opposite to the face at which substrate is believed to bind.  The 
copper molecule of the active site is shown in green, where the substrate is believed to be 
oxidized. 
  
2.1.3. Functionalized Membranes 
 Membranes have historically been used for size exclusion filtrations and 
separations, with the level of separation depending on the class of membrane being used 
(i.e. micro, nano, ultra, RO). Current applications for membranes look into membrane 
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functionalization to increase the span for which membranes can be used.[59-61] By 
functionalizing the membrane surface and pores with functional groups such as -COOH, -
NH2, -OH, or PNIPAAm (Poly(N-isopropylacrylamide)), membranes become responsive 
to stimuli (e.g. pH or temperature), thus becoming tunable with the potential for anti-
fouling characteristics.[62, 63] They can also be used to degrade toxic organic, 
pharmaceutical, and industrial waste upon functionalization with catalytically active 
moieties, such as metallic nanoparticles or enzymes.[60, 64]  
 
2.1.3.1. Membrane Functionalization: in situ hydrogel cross-linking 
 In situ hydrogel cross-linking incorporates a cross-linked hydrogel into the 
membrane matrix, allowing for optimal conformity between the hydrogel and the 
membrane pores.[65] In order to achieve in situ polymerization, a careful ratio of hydrogel 
and cross-linker must be used.[65, 66] One benefit to in situ polymerization is the ability 
of the hydrogel to cross-link within the porous structure, allowing it to polymerize the 
membrane pores, rather than simply the surface. In situ hydrogels can be formed by either 
physical or chemical cross-linking. Physical cross-linking conditions are typically mild and 
reversible, but render the matrix less stable than that of chemically cross-linked systems 
since they are more susceptible to perturbation from changes in pH, temperature and ionic 
strength.[65] The in situ cross-linked polymerization provides a greater stability to the 
hydrogel matrix, but relies heavily on the ratio of cross-linker to hydrogel. Too much cross-
linker leads to a brittle matrix, which increases mass transfer resistance within the 
membrane.[65] 
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2.1.3.2. Membrane Functionalization: Layer-by-Layer Assembly 
 Layer-by-layer assembly (LBL) is a versatile technique that builds on the 
membrane support primarily through electrostatic interactions.[67, 68] LBL is 
accomplished by adsorbing one charged polymer layer onto an oppositely charged polymer 
layer. Due to the simple nature of this approach, LBL can be applied using a wide variety 
of substrates which can be functionalized depending on the particular application, such as 
patterning, biosensing, biocatalysis, etc. LBL is becoming more common to use for 
incorporation of enzymes into the membrane matrix, because it does not hinder the 
structure and activity of the enzyme as severely as physical adsorption and covalent 
attachment can.[68]  LBL has been expanded upon in the development of new techniques 
that serve to preserve different enzyme’s activities, such as encapsulation into spheres, 
films or capsules. [69] However, the most simple and still effective LBL technique for 
incorporation of enzymes into the membrane is via electrostatic interactions between 
exterior amino acid side chains of the enzyme and the charged polyelectrolytes.  
 
2.1.4. Concept: Biomimetic Membranes to Treat Lignin Waste Streams  
 The pulp and paper industry is the sixth largest polluting industry, producing lignin 
and dye-waste, as well as chlorinated and dissolved organics, all of which provide health 
concerns upon release into the environment. [43] A paper mill requires roughly 270-450m3 
of water to produce one ton of paper – while simultaneously producing 60-300m3 of waste 
water. [49] Due to the prominent use of chlorine-based bleaches and dyes during the 
manufacturing process, chlorophenols and dyes are commonly produced as waste products 
alongside dissolved lignin.[43] Not only does the bleaching process produce toxic by-
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products, but it also produces the most wastewater. [43] Currently, coagulation and 
flocculation are used to minimize the presence of these compounds in waste streams, 
however upon precipitation, the solid waste is burned.[44-46] Not only is this a highly 
inefficient use of the potential stored in lignin linkages, but the exhaust produces toxic 
fumes which have to be further treated before release into the environment. In order to 
reduce the load of harsh chemicals and the number of steps required for waste treatment, 
advances in bio-remediation are being explored.[43, 50, 70]  
 Due to the wide substrate variability present in lignin waste streams, the bio-
remediation system must incorporate an enzyme that can degrade not only lignin moieties, 
but also harsh chlorophenols and dyes without releasing heavy metal cofactors or requiring 
harsh co-substrates or mediators. Enzymes have been long-overlooked due to the specific 
environments they typically require for activity, as well as their low stability and potential 
for re-use. However, upon functionalization onto a membrane support, membranes have 
been shown to improve catalytic efficiency, reusability, and lifetime.[51, 69, 71]   
 Laccase from Trametes versicolor has been reported to degrade dyes with 
decolorization efficiencies ranging from 20-99% depending on the dye.[52, 72, 73] 
Furthermore, our group reports laccase from T. versicolor degrading 2,4,6-trichlorophenol 
after immobilization onto a membrane without the addition of mediators.[74] Laccase has 
been long-known to degrade lignin; however, in order to obtain meaningful degradation 
rates, these reactions must be run on the timescale of hours.[47, 75] The valuable chemical 
vanillin has been reported as the thermodynamically favored product of vanillyl alcohol 
oxidation by laccase from Trametes versicolor [75], which is a commonly used model 
 31 
compound for studying ligninolytic systems; however, simple laccase systems have thus 
far failed to recover vanillin in meaningful yields.[76-78]  
 
2.2. Purpose 
 The purpose of this work is to characterize the degradation of a lignin model 
compound and the subsequent conversion into a value-added product, vanillin, upon 
passage through a biomimetic membrane functionalized via layer-by-layer assembly with 
the phenol oxidase laccase, from Trametes versicolor.  
 
2.3. Introduction 
 A growing global population brings with it increasing industrial demands. Interest 
in renewable materials and energy has soared in an attempt to both minimize the impact of 
and meet the expanding population’s needs.[42, 44, 45] Lignin is the second most abundant 
biopolymer on earth and according to the National Lignin Institute, more than 40 million 
tons of lignin waste is generated each year, primarily by the paper and pulp industries.[43] 
However, in order to harness the renewable abundance of lignin, powerful catalysts must 
be employed to break the linkages between monomers. Rather than go through the 
extensive process of separating and treating lignin waste for repurposing, biorefineries 
typically burn the biomass, producing fumes containing toxic byproducts.[44-46] 
Alternately, bioremediation employs naturally-occurring enzymes for toxic waste 
remediation. Bioremediation has been viewed as costly and inefficient as compared to 
chemical treatment methods due to the short lifetime of enzymes in solution; however, 
recent studies show that upon incorporation into membrane systems, enzymes retain their 
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ability to degrade toxic waste and exhibit longer lifetimes and increased stability.[69, 74, 
79] 
 Functionalized membranes provide a porous support for the incorporation of 
enzymes as biocatalysts for waste remediation.[80, 81] In a convective flow membrane 
system, enzymes are functionalized within the pores of the membrane and the substrate 
stream is passed in a continuous flow through the pores. This allows for maximal enzyme 
activity due to the lack of inhibition by neighboring enzymes as well as competing substrate 
inhibition.[82] In order to improve the appeal of lignin waste repurposing, we propose a 
union between microfiltration membranes currently being used in the industry and lignin-
degrading enzymes for a single-step solution for lignin waste remediation. 
 Laccase has been shown to degrade many of the compounds found in lignin waste 
effluents, such as chlorophenols, dyes, and lignin monomers.[51, 52, 74] However, many 
of these reactions must occur for hours before appreciable degradation is reached.[72, 75] 
Likewise, laccase has been reported to convert the lignin monomer vanillyl alcohol into 
the valuable chemical vanillin, but with trace product yields due to the kinetic advantage 
of the 5-5’ dimer formation.[75, 77] Although vanillyl alcohol oxidation by laccase has 
been previously studied in solution, to our knowledge the reaction has not been 
characterized under convective flow through a laccase-bound membrane. We hypothesize 
that by functionalizing laccase onto a microfiltration membrane using layer-by-layer 
assembly, we can improve the rate of degradation of the lignin model compound vanillyl 
alcohol, as well as improve the yield of the valuable chemical, vanillin. The main goals of 
the present study are to (i) fabricate laccase-functionalized PVDF microfiltration 
membranes via LBL assembly of alternating oppositely charged polyelectrolytes, (ii) 
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characterize the catalytic activity of the enzyme-functionalized membrane and contrast it 
to that of a free enzyme in solution, (iii) characterize the degradation efficiency of the 
membrane-bound laccase system and compare it to literature values, and (iv) characterize 
the ability of the laccase-functionalized membrane to produce vanillin upon oxidation of 
vanillyl alcohol. 
 
2.4. Materials 
 All chemicals used during the laboratory-scale membrane fabrication and 
subsequent studies were reagent grade and used without further purification, other than 
vanillyl alcohol (VA, ≥98%, FG), which was purchased from Sigma Aldrich, and 2,2'-
azino-bis(3-ethylbenzothiazoline-6-sulphonic acid (ABTS, diammonium salt, Ultra-pure 
grade), which was purchased from AMRESCO. The PVDF microfiltration membranes 
used were supplied by Nanostone-Sepro Membranes, Inc., Oceanside, CA (PV700). 
Laccase from Trametes versicolor (T. versicolor, powder, light brown, ≥0.5 U/mg) and 
acrylic acid (AA, 99%) were purchased from Sigma Aldrich. Vanillin (VL, 99%) was 
obtained from Alfa Aesar. Ammonium persulfate (APS, >98%), N,N’-
methylenebisacrylamide (MBA, >99%) and poly(allylamine hydrochloride) (PAH) were 
purchased from Acros, New Jersey, NJ, USA.  
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2.5. Experimental Methods 
2.5.1. PVDF700 Membrane Functionalization with Poly(Acrylic Acid) 
 PVDF700 membranes were functionalized with poly(acrylic acid) (PAA) via in situ 
hydrogel cross-linked polymerization. This was achieved through free radical 
polymerization of a 10 wt% aqueous solution of AA in the membrane pores. The AA 
solution was combined with 0.5 mol% MBA as a cross-linker and 1 mol% APS as initiator 
before embedding into the membrane pores via vacuum filtration. The membranes were 
then baked at 80°C for 2 hours between glass plates in an N2 atmosphere. Once dried, the 
membranes were washed thoroughly with deionized ultra-filtered water (DIUF) to remove 
any unreacted or loosely bound components and dried at 50°C in a vacuum oven overnight. 
Polymerization was confirmed through weight gain analysis, surface zeta potential 
analysis, and water permeability studies as described in Section 2.6.1.  
 Surface Zeta Potential was analyzed using the Anton Parr Surpass Electrokinetic 
Analyzer. Water permeability and flux studies were performed using a laboratory-scale 
stainless steel pressure cell (Sterlitech Corporation, HP4750, effective surface area 13.2 
cm2). PAA polymerization was tested in triplicate by recording the flux while passing four 
pH-varied solutions through the membrane at three different pressures until the pH of the 
permeate solution was equal to that of the feed solution. The membrane flux reached steady 
state for each applied pressure and pH before recording. 
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2.5.2. PVDF700-PAA Membrane Functionalization with Laccase via LBL Assembly 
 The laccase enzyme from T. versicolor was electrostatically functionalized within 
the PAA functionalized membrane pores via layer-by-layer assembly onto the 
polyelectrolyte PAH. PAA has a pKa value of 4.5[83], thus the carboxylic acid sidechain 
becomes deprotonated upon passage of DIUF (pH 6.5) through the membrane, providing 
the base layer for the LBL assembly. Next, 500mg of PAH in 200mL of 0.2M NaCl in 
DIUF was passed through the membrane pores at pH 3.9. Since PAH has a pKa of 8.7[84], 
at pH 3.9 the amine groups of PAH should be predominantly ionized. This allows for the 
immobilization of the PAH layer into the pores upon passage through the membrane due 
to the electrostatic interactions between the negatively charged carboxylate groups of the 
PAA and the positively charged ammonium groups of the PAH. The success of the PAH 
functionalization was observed via a decrease in flux as compared to the PVDF700-PAA 
membrane.  
 Laccase was functionalized onto the PAH layer upon passage of 100mL of 100ppm 
laccase solution in 100mM KPi (pH 6) through the membrane pores (number of passes 
varied to alter enzyme loading on membranes). Laccase has a pI < 4[85], so it is primarily 
anionic in nature at pH 6 and gets functionalized into the PVDF700-PAA-PAH membrane 
pores via electrostatic interactions with the positively charged ammonium groups of the 
PAH. Successful laccase functionalization and activity were assessed via an ABTS assay. 
Water permeability was monitored during the functionalization process to ensure 
successful incorporation of each layer. For example, during fabrication of the second batch 
of PVDF700 functionalized membranes the flux dropped from 460 LMH for the PAA 
functionalized membrane, to 380 LMH after immobilization of PAH, and to 45 LMH upon 
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decoration with laccase. This decrease in permeability with each layer allows for improved 
tuning of substrate solution residence times during degradation analyses. The laccase 
loading capacity was calculated by measuring the change in activity of the laccase feed 
solution upon permeation through the membrane. After enzyme loading runs were 
complete, the membrane was flushed with 200mL DIUF to remove any loosely bound 
enzymes. ABTS addition to the final permeate indicated all excess laccase had been since 
removed (due to lack of oxidation).  
 
2.5.3. Laccase Activity for Free and Membrane-Functionalized Enzyme 
 In order to determine the activities of the free and membrane-bound laccase, as well 
as the enzyme loading onto the membrane, an ABTS assay was used. Upon oxidation by 
laccase, ABTS is transformed into its radical cation, which develops a teal color and is 
optically active at 420nm with a molar extinction coefficient of 3600 L mol-1 cm-1. The 
initial reaction rates for free laccase were determined by monitoring the change in 
absorbance at 420nm using a VWR UV-6300PC Double Beam Spectrophotometer, 50µL 
laccase in 100mM KPi buffer (pH 6), 100mM KPi buffer (pH 6), and ABTS solution 
concentrations ranging from 0.03-0.13 µM in 100mM KPi buffer (pH 6). To determine the 
activity of the membrane-bound laccase an applied pressure and corresponding residence 
time had to be determined that allowed for the reading of the initial velocity of the ABTS 
oxidation. Then solutions of ABTS (concentrations ranging from 0.01-0.2mM) in 100mM 
KPi buffer (pH 6) were passed at pressures affording a residence time no longer than 5s, so 
that initial velocities could be measured.  A plot of initial reaction rate versus substrate 
(ABTS) concentration was used to determine the kinetic parameters of the Michaelis-
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Menten equation. The enzyme loading was determined by the change in activity level of 
the laccase solution upon permeation through the membrane.  
 
2.5.4. Vanillyl Alcohol Degradation  
 The degradation of vanillyl alcohol (VA) was executed under convective flow 
through PVDF700-PAA-PAH-Lacc membranes. Solutions of VA in DIUF were passed 
through the enzyme-functionalized membranes under varying pressures to modify the 
residence time of the substrate solution in the membrane pores. An oxygen tank was used 
to apply pressure to ensure that the amount of co-substrate, oxygen, was not rate limiting. 
All degradation studies were performed in triplicate. Applied pressure changes were 
ordered from high pressure to low pressure to ensure that any adsorbed VA was not 
dislodged and permeated with the subsequent pressures permeate. Similarly, ~7mL of 
permeate was collected and discarded between measurements to remove the previous 
pressures permeate that might have remained in the stainless steel cell’s spout, or in the 
membrane. The VA oxidized permeate was collected and analyzed using a Shimadzu high 
performance liquid chromatography (HPLC) instrument with degradation and conversion 
into vanillin calculated from standard curves created using varying known concentrations 
of VA and vanillin (VL). Elution parameters were kept constant for all analyses with 
acetonitrile and water pumped (30:70 v/v) at a flow rate of 0.8 mL/min and a sample 
injection volume of 50 µL.  
 
 
 
 38 
 The amount of VA degraded by the laccase functionalized membrane was 
calculated using:  
Cdeg = Cfeed - Cperm 
where,  Cdeg is the amount of VA degraded by laccase, Cfeed is the initial amount of VA in 
solution, and Cperm is the amount of VA measured in the permeate solution. Percent 
degradation was calculated using: 
(Cdeg/ Cfeed)*100% 
and the percent conversion into vanillin was calculate using: 
(CVL/Cdeg)*100 
where, CVL is the amount of Vanillin detected in the permeate. 
 
2.6. Results and Discussion 
2.6.1. Membrane Characterizations 
 In order to verify the polymerization of PAA within the pores of the PVDF700 
membranes percent weight gain, water permeability, and surface zeta potential were 
studied.  
 
2.6.1.1. Percent Weight Gain  
 The initial masses of the PVDF 700 membranes were recorded prior to 
functionalization with PAA and again after washing and drying. Data from batches 1-3 are 
displayed in Table 1. 
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wt % PAA, 
batch # 
mol % cross-
linker (MBA) 
avg. initial mass 
(g) 
avg. final mass 
(g) 
avg. % wt gain 
20%, 1 1% 0.580 0.695 19.8% 
10%, 2 1% 0.615 0.65 5.7% 
10%, 3 1% 0.589 0.649 10.2% 
 
Table 1. PAA Functionalization results for varying PAA solution mixtures. 
 
 Membranes from batch 1 immediately proved to be over-functionalized with 20 wt 
% PAA and 1 mol % MBA. It was visually apparent that the pores were too crowded with 
PAA, leaving little to no room in the pores for the PAH and laccase functionalization. This 
instigated the decrease in wt % PAA solution for subsequent batches. Batch 2 membranes 
were prepared using 10 wt % PAA and 1 mol % cross-linker. Before being baked, the 
excess solution was removed by wiping the excess PAA solution off of the membranes 
through a plastic film to ensure a lower PAA gain. While this method worked, the weight 
gain of 5.7% PAA did not provide the desired capacity for additional functionalization so 
another batch was prepared using the same ratio of PAA to cross-linker, but without 
removing the excess solution prior to baking. This provided the optimal functionalization 
with PAA at 10.2 wt %, which proved a desirable level of functionalization for further 
loading.  
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2.6.1.2. Water Permeability and the pH-responsiveness of PAA 
 PAA is a hydrogel, and as such shrinks or expands depending on the pH of its 
environment. At pH’s greater than its pKa (4.5)[83], the polymer becomes deprotonated. 
The charged carboxylate sidechains repel one another causing the polymer to expand, 
effectively reducing the water permeability of the membrane. By contrast, at low pH’s the 
sidechains are neutralized, reducing the swelling effect and allowing for increased water 
permeability. This phenomenon is well-documented in the literature and is a conclusive 
marker of PAA functionalization within membrane pores.[66, 86, 87] The pH-dependence 
of our membranes was assessed by passing varying pH solutions of DIUF through the 
membrane. Flux tests were repeated in triplicate. The flux of the PVDF700-PAA 
membrane dropped with increasing pH, as predicted, and increased upon passage of a lower 
pH DIUF solution (Figure 2.2).  
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Figure 2.2. pH-responsive flux behavior of PAA functionalized membrane,  
PAA weight gain = 6%, T = 23°C. 
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2.6.1.3. Surface Zeta Potential Analysis 
 Membrane functionalization was also assessed by monitoring the surface zeta 
potential at various stages of membrane synthesis. The results from the zeta potential 
analyses are shown in Figure 2.3. The PAA functionalized membrane showed negative 
surface charge until pH < 3, as expected due to the deprotonation of the carboxylic acid 
side group of PAA. Upon functionalization of the membrane with PAH and laccase there 
is a sharp break at pH 4, which is attributable to the pI of laccase. Due to the fact that the 
membrane was not saturated with enzyme, it is expected that some PAH still be present at 
the surface, which contributes to the positive surface charge seen below. 
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Figure 2.3. Surface Zeta Potential as a function of pH for bare PVDF700, PVDF700-
PAA, and PVDF700-PAA-PAH-Laccase functionalized membranes 
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2.6.1.4. Loading Capacity and Kinetic Parameters of Free and Immobilized Laccase  
 The enzyme loading capacity onto the membranes was evaluated by comparison of 
the vmax of the initial feed solution pre and post-permeation through the membranes.  Batch 
2 PVDF700-PAA-PAH, with 5.7% weight gain PAA, had an enzyme loading capacity of 
37%, for a total of 7.4mg laccase immobilized into the 13.2cm2 membrane in two 
permeations through the membrane from an initial 100ppm laccase solution in DIUF 
(Figure 2.4). Batch 3 PVDF700-PAA-PAH (10.2% wt gain PAA) had a total loading of 
7.5mg laccase with three permeations of 50ppm laccase (Figure 2.5). 43% loading was 
observed after two permeations and 67% loading was measured after a third.  
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Figure 2.4. Measured vmax values from Michaelis-Menten plot used to determine enzyme 
loading onto PVDF700-PAA-PAH-Laccase (5.7% wt. PAA). 37% loading, 7.4mg 
laccase on 13.2cm2, 0.1M KPi pH 4.8. 
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Figure 2.5. Measured vmax values from Michaelis-Menten plot used to determine enzyme 
loading onto PVDF700-PAA-PAH-Laccase (10.2% wt. PAA). 2nd pass: 43% loading; 3rd 
pass: 67% (total) loading, 7.5mg laccase on 13.2cm2, 0.1M KPi pH 6.0. 
 
 The kinetic parameters, KM and kcat, the Michaelis-Menten constant and the 
turnover number, respectively, were determined to compare the catalytic activity of the 
free laccase in solution and the membrane-bound laccase using ABTS as a substrate. The 
observed KM of the free laccase was 18.7±1.7µM, and the observed KM of the membrane-
functionalized laccase was 55.7±9.5µM (Figure 2.6). A higher KM is expected of enzymes 
functionalized within matrices due to the spatial inhibition of the substrate’s access to the 
active sites. A low KM value indicates tight substrate binding with little inhibition of the 
active site, so it is expected that the free laccase would have a lower observed KM. The kcat 
 44 
values were similar, 189.1s-1 for the free laccase and 143.6s-1 for the membrane-
functionalized laccase. kcat/KM is used to used to describe the catalytic efficiency of the 
enzymes. The free laccase has a higher catalytic efficiency (10.1 µM-1s-1) than the 
membrane-functionalized laccase (2.579 µM-1s-1), but it is still noteworthy to mention that 
the laccase retains catalytic activity upon LBL assembly within the membrane pores.  
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Figure 2.6. Michaelis-Menten plot for kinetic parameters of PVDF700-PAA-PAH-
Laccase functionalized membrane; 10.2 % wt. PAA; 7.5mg laccase, 0.1M KPi pH 6.0. 
 
2.6.2. Vanillyl Alcohol Degradation and Conversion into Vanillin 
 To characterize the ability of a laccase-functionalized membrane to degrade 
dissolved lignin in lignin waste streams, solutions of vanillyl alcohol were permeated 
through the membrane at varying pressures to control the residence time in the membrane. 
Standard solutions of the compounds of interest, VA and VL, were analyzed under our 
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HPLC parameters to determine their respective elution times in order to track changes in 
concentration with respect to residence time in the membrane. VA had an elution time of 
4.7 minutes and VL had an elution time of 6.1 minutes. Degradation of VA and its 
subsequent conversion into VL were derived from elution peak areas using calibration plots 
prepared by measuring peak areas of solutions with known concentrations.  
 Control experiments were performed to ascertain that VA was not being adsorbed 
onto the membrane or being degraded by side reactions possibly occurring in the stainless 
steel membrane. A negligible amount of VA was lost to adsorption on the membrane 
(±0.03%), and only ±2.2% reacted in the cell before permeation through the laccase-
functionalized membrane after 48h retention time.  
 Based on the HPLC analysis, the PVDF700-PAA-PAH-Laccase membrane 
degraded more than 40% of a 0.1mM VA feed in less than 30s residence time (Figure 2.7). 
The data shows that this degradation can be tuned by modifying the residence time in the 
membrane. Also, 2.4% of the mass value of degraded VA was converted into vanillin in 
only 1.4 minutes (Figure 2.9). Due to the kinetic advantage for the formation of the 5-5’ 
dimer in VA oxidation[75], this is achievement has been unattainable in a system as simple 
as ours, to the best of our knowledge. Similar systems of laccase catalyzing the oxidation 
of lignin have been studied with comparable conversion rates, however it took 2 h reaction 
time in free solution to achieve 2.4% conversion[77], whereas it took 1.4 minutes in a 
laccase-functionalized membrane (this study, Table 2). The linear relationship between 
residence time and VA degradation, as well as VL production, show a positive correlation. 
This is in part due to the nature of the concept of residence time. Residence time refers to  
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the amount of time that the substrate requires to travel through the membrane pores, rather 
than the amount of time that one substrate molecule is in the active site of the enzyme. 
Residence time is inversely-dependent on membrane permeability and can be tuned by 
varying the flux, as shown in Figures 2.7 and 2.8.  
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Figure 2.7. Vanillyl alcohol degradation after passage through a laccase-functionalized 
membrane at pH 6.5 dependence on residence time 
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Figure 2.8. Vanillyl alcohol degradation upon passage through a laccase-functionalized 
membrane at pH 6.5 dependence on membrane flux 
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Figure 2.9. Formation of vanillin upon passage of a 0.1mM solution of vanillyl alcohol 
through a laccase-functionalized membrane (pH 6.5) dependence on residence time 
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Table 2. Comparison of laccase-functionalized system with other recent literature values 
of laccase-VA reaction products in solution 
 
2.7 Conclusions 
 Laccase functionalized PVDF700 membranes were fabricated via layer-by-layer 
assembly for the remediation of lignin waste streams was demonstrated. The catalytic 
parameters were estimated and compared for the free and membrane-functionalized laccase 
systems using Michaelis-Menten kinetics. The membrane-functionalized laccase lost 
partial catalytic activity upon immobilization in the membrane pores, but maintained 
steady activity over the course of 15 degradation studies and demonstrated improved VA 
degradation rates as well as VL production as compared to other simple, unmutated laccase 
systems studied. The present system was shown to be the most time and material-effective 
system for degrading vanillyl alcohol as well as for the production of vanillin from the 
oxidation of VA, to the best of our knowledge.  
 
 
 
Laccase pH Temperature 
(°C) 
Time 
(min) 
VA % 
Degradation 
VL % 
Conversion 
Reference 
T. 
versicolor 
6.5 r.t.  1.4 48.6 ± 3.6 2.44 ± 0.38 Current 
work  
T. 
versicolor 
5 40 10 85.2 trace [77] 
M. 
albomyces 
4.5 r.t. 120 26.7 1.8 [75] 
M. 
albomyces 
6 45 120 32.2 2.48 [75] 
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2.8 Future Work 
 Due to the kinetic barrier for the oxidation of vanillyl alcohol into vanillin, either 
heat, high pH, or an electric current should be applied. The next phase of this work will 
indulge into the prospect of functionalizing enzymes onto supportive membranes with 
conductive surfaces, capable of supplying a current to the system when needed. Also, other 
environmentally benign, oxidative enzymes will be explored for their capacity to degrade 
high redox potential substrates present in industrial waste.  
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2.10 Abbreviations 
LiP, lignin peroxidase; MnP, manganese peroxidase; VP, versatile peroxidase; LBL, layer-
by-layer; PVDF, polyvinylidene fluoride; PAA, poly(acrylic acid); APS, ammonium 
persulfate; MBA, N,N’-methylenebisacrylammide; PAH, poly(allylamine hydrochloride); 
VA, vanillyl alcohol; VL, vanillin; ABTS, 2,2’-azino-bis(3-ethylbenzothiazoline-6-
sulphonic acid); HPLC, high performance liquid chromatography; LMH, L m-2h-1; DIUF, 
deionized ultra-filtered water. 
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